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BACKGROUND: The growth and shape of plants
depend on the mechanical properties of the
plant’s mesh of interconnected cell walls. Be-
cause adhering cell walls prevent cell migra-
tions, morphogenesis is simpler to study in
plants than in animals. Spatiotemporal varia-
tions in the rates and orientations at which cell
walls yield tomechanical stresses—ultimately
powered by cell turgor pressure—underlie
the development and diversity of plant forms.
Here, we review new insights and points of
current contention in our understanding of
plantmorphogenesis, starting fromwall com-
ponents and building up to cells and tissues.

ADVANCES: Recentmodeling and experimental
studies have enabled advances at four levels:
fiber, wall, cell, and tissue. Inmoving up levels,
a population of discrete components is typi-
cally abstracted to a continuumat the next level
(e.g., fibers to wall, walls to cell, cells to tissue).
These abstractions help to both clarify con-
cepts and simplify simulations. Mechanical
stresses operate at each level, but values are typ-
ically not the same from one level to the next.
At the fiber level, growth corresponds to

cellulose microfibrils sliding past each other,
which is passively driven by turgor-induced
tension. The rate of sliding depends on adhe-
sion between microfibrils, whereas anisotropy
reflects differences in the proportion of fibers
in different orientations. Growth occurs pref-
erentially in the direction of maximal micro-
fibril stress.
At the wall level, microfibril sliding corre-

sponds to cell wall creep, at rates dependent
on turgor, wall extensibility, thickness, and
yield thresholds. Anisotropic mechanical prop-
erties can arise through orientation-selective
synthesis of cellulose microfibrils, guided by
microtubules. Creep is stimulated by the wall-

loosening action of expansins, which increase
extensibility and lower the yield threshold.
Wall synthesis and loosening influence growth
in complementary ways. Wall loosening in-
creases growth rate with almost immediate
effect, but unless wall synthesis increases in
parallel, wall thickness declines over time,
potentially weakening the wall. Wall synthesis
requires a longer time scale to have a discern-
ible growth effect but is critical for maintain-
ing wall thickness and orienting anisotropy.
By regulating loosening and synthesis sepa-
rately, plants have the flexibility to produce
rapid growth responses as well as control
longer-term growth patterns and mechanical
strength.
At the cellular level, growth corresponds to

irreversible deformations that are catalyzed by
expansins and physically driven by mechani-
cal stresses that arise from turgor acting on
cell walls. Oriented cell growth depends on
wall anisotropy and cell geometry, which in
turn depend on the dynamics of microtubule
alignment. Collisions between microtubules
lead to self-organized alignments that may be
influenced by cellular cues and cell geometry.
At the tissue level, cell-cell adhesion combined

with differential wall properties can lead to
tissue-wide stresses. Tissue morphogenesis
depends on coupling the mechanical prop-
erties of walls, cells, and tissues to regional
patterning. Coupling may occur by regional
gene activity that modifies rates of micro-
fibril deposition, wall extensibility, and/or
yield thresholds, and thus wall growth through
creep. Regional gene activity may also provide
tissue cues that orient microtubule alignments,
and thus the orientations of growth anisotropy.
Computational modeling, informed by devel-
opmental genetics, live imaging, and growth
analysis, has shown how these principles can

account for morphogenetic changes through
mechanically connected tissue regions irre-
versibly growing at specified rates and orien-
tations. Taken as awhole, the cellulose network
at the fiber and wall level provides elastic re-
sistance to deformationwhile allowing growth
through creep, which enables morphogenesis
at the cell and tissue level while maintain-
ing mechanical strength.

OUTLOOK: A key question is how patterns of
gene expression at the tissue level modify be-
haviors and mechanics at other levels to gener-
ate tissuemorphogenesis. Althoughwe outline
broad principles for how this may operate,
many of the underlyingmolecularmechanisms
remain unresolved. Controversies remain over
the role of pectins in controlling wall mechan-
ics and in the role ofmechanosensing, chemical
signaling, and polarity in controlling orienta-
tions of growth. And although tissue-level
models have been proposed to account for
morphogenetic changes, many of the under-
lying components remain hypothetical. A fur-
ther challenge is to determine how interactions
across levels have been modified during evolu-
tion to give rise to the diversity of plant forms.
Many of the principles described here may

also be applicable to microbial and animal
morphogenesis. Similar to plants, rates and
orientations of cellular growth in these organ-
isms depend on fibers in the wall or cell cortex
that resist turgor. Controlled fiber sliding may
play a key role, though in animals such sliding
can be driven actively as well as passively. In
animal tissues where cell rearrangements
are limited, as during organogenesis, growth
coordination and tissue stresses may operate
similarly to plants. Thus, although the mo-
lecular players that control plant, animal, and
microbial development are different, the me-
chanics of morphogenesis may share com-
mon principles.▪

RESEARCH

Coen et al., Science 379, 452 (2023) 3 February 2023 1 of 1

Plant morphogenesis, from nano- to
macroscale. (A to E) Growth begins with
the sliding of cellulose fibers (A) within the
cohesive, extensible, and layered networks
of cell walls [(B); layers with different fiber
orientations are color coded]. Sliding is
physically driven by turgor pressure, which
generates stress patterns in cells (C) and
across tissues (D). Patterned tissue growth
may be oriented by polarity fields (arrows) to
generate complex forms (E).
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Understanding the mechanism by which patterned gene activity leads to mechanical deformation of
cells and tissues to create complex forms is a major challenge for developmental biology. Plants
offer advantages for addressing this problem because their cells do not migrate or rearrange during
morphogenesis, which simplifies analysis. We synthesize results from experimental analysis and
computational modeling to show how mechanical interactions between cellulose fibers translate through
wall, cell, and tissue levels to generate complex plant tissue shapes. Genes can modify mechanical
properties and stresses at each level, though the values and pattern of stresses differ from one level
to the next. The dynamic cellulose network provides elastic resistance to deformation while allowing
growth through fiber sliding, which enables morphogenesis while maintaining mechanical strength.

T
he growth and shape of plants depend on
the mechanical properties of the plant’s
mesh of interconnected cell walls. Be-
cause adhering cell walls prevent cell
migrations, morphogenesis is simpler to

study in plants than in animals. Spatiotem-
poral variations in the rates and orientations at
which cell walls yield to mechanical stresses—
ultimately powered by cell turgor pressure—
underlie the development and diversity of
plant forms. Considerable progress has been
made in understanding the molecular genetic
basis of plant morphogenesis, but confusion
and controversies remain over how these find-
ings relate to the mechanics of development.
Here, we review new insights and points of
current contention in our understanding of
the mechanics of plant morphogenesis, start-
ing from wall components and building up to
cells and tissues.
At the heart of morphogenesis is a trade-off

between mechanical stiffness and deformabil-
ity. As a plant develops, it must resist external
mechanical forces, such as gravity and wind,
while also growing by several orders of mag-
nitude and deforming to produce its char-
acteristic shapes. Plant materials therefore
need to be strong while also pliant enough to
grow and deform. These conflicting require-
ments are partly met by restricting morpho-
genesis to protected areas such as embryos,
growing tips (apical meristems), and cambial
zones, which reduces the extent towhich they
weaken the plant. However, even within these
zones, mechanical strength needs to bemain-
tained. A key problem is how such strength is
achieved in the face of growth.

Fiber mechanics
The mechanical properties of plant tissues
largely depend on how fibers in cell walls are
organized. These fibers experience tensile
stress caused by turgor pressure of several
atmospheres within each cell, which provides
the primary driving force for plant growth
(1–3). Non–turgor-basedmechanisms, in which
growth is driven by active insertion of cell wall
material, have been proposed (4, 5), but their
contribution to plant growth remains con-
tentious (1, 6).
The main load-bearing fibers are cellulose

microfibrils, each comprising many linear
b1,4-glucan chains packed into a crystalline
array, with stiffness comparable to steel.
Aligned microfibrils bind strongly to each
other laterally, forming two-dimensional net-
works that resist being stretched (7). Micro-
fibrils are embedded in a hydrophilic matrix
of pectins and hemicelluloses that make up

most of the cross-sectional area of the growing
cell wall yet bear little tensile stress (8).
We first consider growth in one dimension.

Wall growth involves two types of fiber stress:
tensile and shear. If a tensile force F is applied
to a fiber of length L and causes extension by
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Fig. 1. Fiber growth in one dimension. (A) Fiber of
length L and cross-sectional area Af. (B) Tensile
force, F, leads to extension DL. Strain ef = DL/L.
For an idealized linear elastic fiber, ef = sf/Ef, where
sf is the fiber tensile stress F/Af, and Ef is the
Young’s modulus of the fiber. (C) Doubling fiber
number halves stress and strain. (D) Shear stress,
tf, generated at the fiber interface (yellow),
equals F/Ac, where Ac is the contact area along
the length of the fibers. If the cross-sectional area of
the interface is small relative to Af, ef ~ DL/2L.
(E) Slippage caused by shear stress. Fiber extension
DL′ increases with time.

Movie 1. For a single microfibril (spring), membrane or cortical strain (elastic band) can be used to
infer microfibril strain. When a weight is applied, extension of a spring (equivalent to a fiber in Fig. 1B) is
the same as the extension of a less stiff elastic band attached to the spring.
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DL, the proportionate increase in length, or
fiber strain, is defined as ef = DL/L. For an
idealized linear elastic fiber, fiber strain is
proportional to fiber tensile stress, sf = F/Af,
where Af is the fiber cross-sectional area (Fig. 1,
A and B). The constant of proportionality is
1/Ef, where Ef is Young’s modulus of the fiber.
If we introduce a second fiber in parallel and
apply the same force, the tensile stress in each
fiber is halved and fiber strain is halved (Fig.
1C), as is the strain of the entire structure or
wall ew. Thus, for a given tensile force, stress
and strain are inversely proportional to fiber
number, N. Because of the proportionality be-
tween wall strain and fiber tensile stress, strain
in cellular components that deform together
with the wall, such as the plasma membrane
or cortex, can be used to infer fiber stress
(Movie 1).
If fibers are firmly stuck together at an inter-

face along their length and force is applied to
only one end of each fiber (Fig. 1D), a shear
stress, tf, acts at the interface. Shear stress
equals F/Ac, where Ac is the contact area along
the length of the fibers. As fiber number N
increases, there are more fibers and interfaces
to resist the tensile force, so tf and sf decrease.
As above, plasmamembrane or cortical strain
can be used to infer sf (Movie 2).
So far, we have assumed an elastic regime

in which all deformations are reversible. Cell
wall enlargement during growth, however,
is largely irreversible, arising through slow
sliding of the fiber network. Suppose tf ex-
ceeds a slippage threshold, such that sliding
occurs at the fiber interface (yellow in Fig. 1E).
In this situation, wall strain, ew, is no longer
proportional to stress because wall strain con-
tinually increases in time, whereas stress does
not. Thus, plasmamembrane or cortical strain
can no longer be used to infer fiber tensile
stress (Movie 3). For a simple linear case, the
rate of increase in ew, or strain rate, e

�

w, is
proportional to shear stress above the slip-
page threshold. The constant of proportion-
ality, a type of “extensibility,” depends on the
strength with which fibers adhere to each
other (i.e., fiber-fiber binding energy). If forces
are removed, individual fibers relax to their

resting lengths, but wall strain due to slippage
does not reverse.

From fibers to walls

A simplified mechanical view of a growing
cell wall is a network of overlapping cellu-
lose microfibrils sticking to each other and
stretched by a turgor-based tensional force F,
which is maintained by cellular water uptake
(Fig. 2A). Irreversible wall enlargement (~5 to
10% per hour in rapidly growing tissue) occurs
at approximately constant turgor pressure
through slow microfibril sliding that is facili-
tated by a nonenzymatic wall-loosening pro-
tein, expansin (9). As the growing wall thins
through extension, wall thickness is main-
tained by addition of new microfibrils (red in
Fig. 2B), which are synthesized at the plasma
membrane, together with the incorporation
of additional matrix materials. Each nascent
microfibril begins to bear tensile load when it
binds to overlying microfibrils that it straddles,
becoming part of the cohesive cellulose net-
work. As the overlying microfibrils slide, the
nascent fiber is put under tension, “taking up
the slack.”
This simplified account is consistentwith the

structure and nanoscale mechanics of primary
cell walls (10, 11) but omits themechanical role
ofmatrix polysaccharides. Hemicelluloses, such
as xyloglucan, bind strongly to cellulose sur-
faces in extended conformations and as ran-
dom coils, whereas pectins form a soft hydrogel
that binds weakly to cellulose surfaces (12–14).
Microindentation measurements of various
growing organs and pectin-rich pollen tubes
have implicated pectins in the control of wall
stiffness (15), whereas other experimental and
computational results indicate that tensile
stress is borne mainly by the cellulose network,
with a minor contribution by matrix polymers
(8, 16). The apparent contradiction may be
partly resolved by recognizing that the in-

plane stretching of walls involves different
modes of polymer deformation than out-of-
plane indentation (12), with the cellulose net-
work dominating in-plane tensile stretching
and pectins contributing substantially to out-
of-plane mechanics (16, 17). Pectins and xylo-
glucan may also influence tensile mechanics
indirectly by modulating the formation of
cellulose-cellulose contacts during wall as-
sembly and remodeling, thereby shaping the
cellulose network and its mechanical proper-
ties (12). Another proposal is that enzymatic
swelling of pectin may supply an additional
driving force for wall enlargement (14).
In addition to their structural role, pectins

and xyloglucan participate in local signaling
by auxin and brassinosteroid (18–20), thereby
influencing many downstream pathways. Di-
rect mechanical effects of these matrix poly-
saccharidesmay therefore be confoundedwith
indirect hormonal responses, which compli-
cates the interpretation of genetic studies and
possibly accounts for divergent views on the
effects of pectin modifications (12–14, 21–24).
The role of pectins in wall mechanics and
growth therefore remains contentious, and
further results will be needed to reach a uni-
fied view.
In growing cell walls, lateral interfaces be-

tween aligned cellulose microfibrils are heter-
ogeneous, involving direct cellulose-cellulose
contacts, contacts mediated by a thin layer of
water, and bonding through a monolayer of
hemicelluloses (12, 25). The relative impor-
tance of these different interfaces for cellulose
slippage has not been established. The major
endogenous catalysts of cell wall extension,
a-expansins, loosen noncrystalline cellulose-
cellulose interactions in vitro (9), but molecu-
lar details are lacking. The loosening action of
a-expansins may be restricted to infrequent
sites of slippage, dubbed “biomechanical hot-
spots” (12, 26). Tethering between cellulose
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Fig. 2. Wall growth in one dimension. (A and
B) Schematic of fibers in a wall cross section with
the plasma membrane shown as a gray line and
newly deposited fibers shown in red. Before growth
is shown in (A). After growth by fiber slippage,
newly deposited fibers (red) maintain wall thickness,
as shown in (B).

Movie 2. For two microfibrils (springs) stuck back to back, membrane or cortical strain (elastic
band) can be used to infer microfibril strain. When a weight is applied to two firmly attached springs,
extension of the springs (equivalent to fibers in Fig. 1D) is the same as the extension of a less stiff elastic
band attached to the springs.
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microfibrils by xyloglucan may also occur
but contributes little to steady-state tensile
mechanics (8, 26). However, mechanical re-
sponses of isolated cell walls to exogenous
b1,4-endoglucanases implicate regions of in-
tertwined cellulose-xyloglucan in limiting cel-
lulose sliding (16, 26).
We may also consider the wall as a con-

tinuum, rather than beingmade up of discrete
fibers. From this perspective, wall stress, sw,
equals F/Aw, whereAw is thewall cross-sectional
area.Wall stress is less than fiber stress, because
matrix contributes to the cross-sectional wall
area while not bearing themain tensile load (8).
Microfibril sliding, facilitated by a-expansin,
can account for wall creep, which is readily
observed as slow, irreversible extension of a wall
held at constant force above a yield threshold
(the minimum where creep begins) (9). Such
sliding can dissipate wall stresses, termed wall
stress relaxation, which is most apparent when
wall enlargement is physically constrained
(12). Stress relaxation generates the slight wa-
ter potential disequilibrium required for sus-
tained water uptake during cell enlargement
(27). The stimulation of wall stress relaxation

and creep by a-expansins ismaximal at acidic
pH and entails changes in both the strain-
rate proportionality constant, which is com-
monly called “wall extensibility” (2), and the
yield threshold (28). This pH dependence en-
ables rapid and local control of wall loosening
by a signaling pathway that activates plasma
membrane H+–adenosine triphosphatases
(H+-ATPases), which acidify the wall space to
activate a-expansins and promote wall creep
(29). The biological control of wall pH and
thereby expansin activity, which does not oc-
cur in mechanical measurements of isolated
cell walls, may result in dynamic shifts in wall
extensibility and the yield thresholds observed
in vivo (3, 30), consistent with pH-dependent
expansin action measured in vitro (28).
In addition to elasticity and creep, cell walls

may also display plasticity, which is observable
as an immediate irreversible deformationwhen
tensile force is suddenly increased beyond a
threshold (9, 31). Although both plasticity and
creep involve cellulose-cellulose sliding, they
differ in time scale and microsites of cellu-
lose movements. Plastic deformation, unlike
wall creep, is nearly independent of time and
expansins and does not occur during normal
cell growth, which occurs at steady turgor
(steady wall stress). Sudden changes in wall
tensile force (e.g., in a mechanical tester) also
reveal transient mechanical responses termed
viscoelastic or viscoplastic deformations. These
are material responses that generally subside
within a few minutes of the change in force,
which reflects the short time constants of
most physical rearrangements of matrix poly-
mers and the cellulose network (other than
expansin-mediated creep). Developmental pat-
terns of wall or tissue viscoelasticity and plas-
ticity are sometimes associated with growth
(1, 15, 23), but in other cases, the correlations
are poor or nonexistent (12, 32). Consequently,

the interpretation of viscoelastic-plastic mea-
surements in relation to wall growth is a point
of contention. Contrasting ideas of cell wall
structure and whether tensile forces are trans-
mitted between cellulose fibers through direct
cellulose-cellulose contacts or throughmatrix
polysaccharides lie at the heart of these di-
vergent views (12).
Wall synthesis and loosening influence cell

growth through wall creep in complementary
ways (33, 34). Wall loosening increases growth
rate with almost immediate effect (35), but
unless wall synthesis increases in parallel,
wall thickness declines over time, potentially
weakening the wall. Wall synthesis requires
a longer time scale to have a discernible
growth effect but is critical for maintaining
wall thickness and orienting anisotropy (see
next section). By regulating loosening and
synthesis separately, plants have the flexibility
to produce rapid growth responses as well as
control longer-term growth patterns and me-
chanical strength.

Anisotropic wall growth

Plant morphogenesis involves differential ori-
entations and rates of growth. Such growth
anisotropy is evident at the wall level, as shown
by marking walls of the classically studied alga
Nitella axillaris, whose internodes are one cell
wide and grow about four times faster in length
than circumference (36, 37). A key question is
how growth anisotropy is determined and
regulated.
Growth anisotropy depends on the three-

dimensional structure of the cell wall. Con-
sider a square piece of wall with two layers of
microfibrils (colored blue and red in Fig. 3A)
that are oriented perpendicular to each other.
A tensile force, F, is applied to the ends of
the wall equally in both microfibril orienta-
tions. Ifmicrofibrils are themain load-bearing
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Movie 3. For two microfibrils (springs) stuck loosely together, membrane or cortical strain (elastic
band) cannot be used to infer microfibril strain. When a weight is applied to two springs held together
with honey, slippage (as in Fig. 1E) increases with time and leads to greater strain for the elastic band
than for the individual springs.

Fig. 3. Wall growth in two dimensions. (A) Two
layers of microfibrils, with an equal number of
microfibrils in red and blue orientations. (B) Three
layers of microfibrils, with twice as many microfibrils
in blue orientations than in red orientations.
(C) Continuum perspective.
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components, the average microfibril stress sf
equals F/NAf, where N is the number of mi-
crofibrils cut transversely in the cross section.
Without microfibril slippage, wall strain, ew,
equals fiber strain, ef, and is the same in both
orientations. As F increases, shear stress may
exceed the slippage threshold, and the wall
grows at a strain rate, ew

�

, which is the same in
both orientations, giving isotropic growth.
To introduce anisotropy, we add a second

layer of blue microfibrils (Fig. 3B). There are
now half asmany redmicrofibrils resisting the
red force as blue resisting the blue force, so red
tensile stress is twice that of blue. Red micro-
fibrils are also under twice the shear stress of
blue. As F increases, microfibrils begin to slip
and exhibit faster slippage in the red direction
compared with the blue direction. Thus, the
orientation of maximal growth rate is aligned
with the orientation of maximal microfibril
stress.
Yet from a continuum perspective, wall

stress, sw, is equal in both orientations, be-
cause Aw is the same for each (Fig. 3C). The
wall Young’s modulus and yield threshold
(proportional to fiber slippage threshold times
N) in the blue direction are twice those in the
red direction. As F increases, the wall begins
to yield and exhibits faster creep in the red
direction compared with the blue direction.
Thus, from a continuum perspective, the di-
rection of maximal growth is coaligned with
the direction of the lowest Young’s modulus
and wall yield threshold, whereas from a fiber
perspective, maximal growth occurs in the di-
rection of the highest microfibril stress.

From walls to cells

Modulation of wall properties can lead to for-
mation of diverse cell geometries (38). Cell
geometry may in turn feed back to influence
stresses (39). In a turgid spherical cell with
isotropic walls, tensile stresses are equal in all
directions in the plane of the wall. However, in
a cylindrical cell with isotropic walls, bothwall
stress and microfibril stress in the circum-
ferential direction are twice those in the axial
direction (40), which would lead to greater
growth in cell diameter than length. Yet elon-
gated cells often exhibit axial growth. Such
growth may be achieved through the prefer-
ential loosening and synthesis of the wall at
one end: tip growth (41). However, the cylin-
drical internode cells of Nitella grow faster
axially than circumferentially even though
growth is distributed throughout the wall:
diffuse growth (36). Diffuse growth is com-
mon to most cells of the plant body (42).
Diffuse axial growth can be explained bywall

anisotropy. Assume the wall of the cylindrical
cell has twice as many circumferential micro-
fibrils as axial microfibrils (Fig. 4). Although
tensile force is twice as great in the circum-
ferential orientation (blue arrows), there are

twice as many microfibrils to resist it, and
therefore microfibril stress is equal in both
orientations. The wall will therefore grow
equally along both the circumferential and
axial directions. If the number of circumfer-
ential microfibrils is more than twice that of
axial microfibrils, microfibril stress will be
higher in the axial orientation and the cell
grows faster in length than circumference.
From a continuum perspective, resistance to
wall creep is more than twice as high in the
circumferential direction compared with the
axial direction, leading to low circumferential
growth despite twice the wall stress. Measure-
ments on Nitella internode cells confirm that
they have a greater proportion of circumfer-
ential to axial microfibrils and havemore than
twice the wall yield stress threshold in the
circumferential orientation (36, 37, 43, 44).

Control of microtubule orientation in
individual cells

Microfibril orientation is primarily determined
by microtubules guiding cellulose synthases
(45), although feedback from microfibrils can
also guide cellulose synthases where micro-
tubules are absent (46). When the growing
end of a microtubule collides with another
microtubule, it may turn to follow the micro-
tubule (zippering) or undergo depolymeri-
zation (collision-induced catastrophe) (47).
Computer simulations show that such inter-
actions in a population of microtubules can
generate alignments (i.e., near-parallel arrange-
ments) that maximize microtubule survival

probability (48, 49). In a spherical cell without
cues, such alignments are randomly oriented.
For an elongated cell, orientations along the
cell’s long axis can be favored, which is con-
sistent with longitudinal microtubule orien-
tations that are observed in wall-less plant
cells (protoplasts) deformed in rectangular
microwells (50).
The predominant microtubule orientation

in microwell-constrained protoplasts changes
from longitudinal to transverse under high
turgor, which has been explained by micro-
tubules responding to the direction of maxi-
mal tension in the cell cortex (51). There has
been confusion, however, over how stress-
sensing in the cell cortex relates to sensing
stresses in the wall. Stress-sensing depends
on cells being able to sense strain (31), which is
proportional to stress for elastic deformations
(Fig. 1, A to D). Thus, for elastic deformations,
cortical strain can be a proxy for measuring
wall stress (Movies 1 and 2). However, in a
walled cell that grows by creep, strain and
wall stress are not proportional (strain can
increase for a fixed stress; Fig. 1E andMovie 3).
The direction of maximal strain therefore
need not correspond to the direction of max-
imal wall stress (e.g., axially growing cylindri-
cal cell). Thus, for an intact growing plant
cell, stress-sensing in the cortex relates to wall
strain, not wall stress. In principle, sudden
changes in wall stress could be detected by
membrane or cortical strain because creep is
slow, but the relevance of such rapid stress
changes to plant growth, which occurs under
steady turgor, is unclear.
Various hypotheses have been proposed for

howmicrotubules, and thus microfibrils, are
oriented in intact plant cells. Classic studies on
cylindrical Nitella cells suggested that micro-
tubules are aligned passively by early-stage
circumferential growth (52). This model was
later disproved, leading to the hypothesis that
microfibrils determine the directionality of
cell expansion in accord with wall stress (37).
One hypothesis is that membrane-spanning
receptors have two domains: an extracellular
domain that preferentially binds tomore high-
ly stressed microfibrils and an intracellular
domain that binds to microtubules, aligning
them with the direction of the bound micro-
fibrils (53). By connecting to both microfibrils
and microtubules, such receptors would allow
the direction of the maximal wall stress to
orient microtubules, avoiding the problem of
indirect sensing through cortical or plasma
membrane strain. However, enzymatic treat-
ments, or mutants that modify mechanical
properties of walls by interfering with cellu-
lose content, have no discernible effect on
microtubule patterning (54, 55), which argues
against this mechanism.
Another microtubule-orienting hypothesis is

based on asymmetric localization of molecules
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Fig. 4. Mechanics of a cylindrical cell. (A) Cell
outline. (B) Microfibril composition and tensile
forces on a small region of anisotropic wall with
two layers of circumferential microfibrils (blue)
and one layer of axial microfibrils (red).
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across a cell, as exhibited by several plant
polarity proteins (56–62). A cell polarity pro-
tein in protoplasts gives a polarity axis that
aligns with subsequent growth orientation
(63). Computer simulations show that micro-
tubules tend to adopt orientations parallel
to faces or edges where they are preferen-
tially destabilized, because such orientations
increase microtubule survival probability
(48, 64). If polarity proteins at opposite end-
faces or edges of a cylindrical cell destabilize
microtubules,microtubule orientations parallel
to the edges (i.e., circumferential) would there-
fore be favored. This hypothesis remains to be
further explored.
Microtubule-orienting mechanisms have

also been investigated for jigsawpuzzle–shaped
epidermal cells (pavement cells). Microtubules
on the outer face of these cells form arrays that
fan out from the neck tips, which has been
explained through response to stresses, local-
ized protein activity, and/or cell geometry (65).

From cells to tissues

Morphogenesis ofmulticellular tissues depends
not only on properties of individual cells but
also on mechanical interactions between them.
Consider a spherical turgid cell with isotropic
walls that undergoes division (Fig. 5, A and B).
With strong adhesion at the middle lamella
(labeledm and colored yellow in Fig. 5B), the
cells would grow to form two partial spheres
joined by a flat interface (Fig. 5C). With re-
duced adhesion, a degree of cell separation
may occur, leading to two spherical daughters
in the extreme case. The extent of cell-cell
adhesion is influenced by wall matrix compo-
nents, such as pectins (66).
Suppose our cells continue to grow, divide,

and adhere to form a spherical tissue (Fig. 5D),
with an epidermal layer (gray) and all cells
maintaining the same turgor. All walls have
the same thickness, the same isotropic mate-
rial properties, and similar tensile stress. How-
ever, if the outer epidermal walls are thicker
(purple in Fig. 5E), as is common for many tis-
sues, tensile stress is reduced in these walls be-
cause their cross-sectional area,Aw, is greater.
The outer walls therefore create a growth con-
straint. Turgor force is then transferred from
inner to outer walls, increasing the tensile
force on outer walls.
Such tensile forces, or tissue tensions, have

been inferred from the way tissues bend or
gape after being cut or by the formation of
epidermal cracks when adhesion between cells
is weakened (67–69). Tissue tension can be
quantified by stretching detached epidermal
tissue to the point that it restores its original
length (70). Epidermal tissue tension is coun-
terbalanced by internal tissue compression—
internal tissue expands when the epidermal
constraint is removed. Thus, tissue stresses
can be either tensile or compressive. They
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Fig. 5. Multicellular interactions. (A to C) Spherical cell (A) divides to give two daughters (B) separated
by a middle lamella (yellow, m). Isotropic growth and strong adhesion lead to the formation of two cells
with a flattened interface (C). (D) In a spherical tissue with isotropic walls of uniform width (shown in cross
section), all walls experience similar tensile stress. The outer wall of the epidermal cells (gray) is shown in
purple. (E and F) With thickened outer walls (E), growth leads to higher tensile force on the outer walls,
corresponding to tissue tension in an outer region (purple) and tissue compression in the inner region of a
continuous tissue (F). (G) With a cylindrical tissue that grows axially (half section shown), thickened outer walls
lead to axial outer tissue tension and axial inner tissue compression. (H) With single-cell ablation (black cell
with cross), microtubules (black lines) become oriented circumferentially around the wound in cells directly
bordering the wound (light gray) and cells further out (dark gray). This could be explained by circumferential
stresses caused by the wound orienting microtubules. Alternatively, cells could have polarity proteins (red
and blue) that localize at opposite cell ends. If red polarity proteins are activated adjacent to the wound by a
chemical signal, polarity proteins in cells bordering the wound would localize to faces oriented circumferentially
around the wound. This polarity pattern could propagate further out (dark gray cells) through molecular
signaling. Destabilization of microtubules by red and blue polarity proteins would favor microtubule orientations
parallel to the red and blue faces (i.e., circumferential to the wound) because this increases microtubule
survival probability. (I) In a double ablation, microtubules in the bridging cell (cyan) are oriented parallel to the
cell faces adjoining the wounds, which could be explained by mechanosensing. Alternatively, red polarity
proteins could be activated at both faces of the bridging cell that are adjacent to the wounds, destabilizing
microtubules and favoring microtubule orientations in the bridging cell that are parallel to its two red faces.
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impose additional forces on cells that can in-
crease or decrease wall stresses, as a result of
connectivity with other cells with different
mechanical or growth properties (71).
Just as wall stress is based on the notion of

the wall as a continuum, tissue stress is based
on the notion of tissue as a continuum (70, 72).
If all regions of a continuous uniformly grow-
ing sphere have the same isotropicmechanical
and growth properties, there are no tissue
stresses (corresponding to all cell walls having
the same thickness and wall stress). However,
if the outer region of the sphere (purple in
Fig. 5F) is more resistant to growth (e.g., be-
cause of thick outer cell walls), the tissue effec-
tively behaves as a continuous pressurized
vessel, with the outer region under tissue ten-
sion and the inner region under tissue com-
pression (73) (Fig. 5F). Tissue stress does not
equate to wall stress: Although tensile tissue
stress is higher in the outer region, outer wall
tensile stress may be reduced because of in-
creased Aw. Similarly, although the inner re-
gion is under tissue compression, inner cell
walls may partially resist some turgor force
and thus be stretched in tension.
If the tissue has the form of a cylinder,

thickened outer walls will lead to circumfer-
ential tissue tension being twice that of axial
tissue tension. Outer wall and fiber stresses
will also be greater in the circumferential ori-
entation, resulting in axial cracks when cell
adhesion is compromised, as observed with
shoot apices (68).
So far, we have assumed that cell walls in

our tissue have isotropic properties. Each cell
would therefore grow spherically if mechani-
cally isolated from its neighbors. If walls have
anisotropic properties (e.g., biased microfibril
orientations), cells in mechanical isolation
would grow to form other shapes, such as
ellipsoids. Oriented tissue growth may arise
by coordination of such growth anisotropies
between cells. For instance, if cell growth of
interior cells is preferentially axial for a cylin-
drical tissue, thicker outer cell walls would

lead to axial outer tissue tension and axial
inner tissue compression (72) (Fig. 5G), as ob-
served in hypocotyls (67–69). Growth anisot-
ropy of hypocotyls may be enhanced through
increasing wall extensibility by brassinoste-
roid (32) or by selective weakening of axial
walls (23).

Correlation between tissue stresses and
microtubule orientations

In multicellular tissues, microtubules are typ-
ically aligned with maximal tissue tension
(74, 75). For example, in shoot apicalmeristems,
microtubules are oriented circumferentially
around the apex and are aligned with organ-
meristem junctions, which is the predicted
orientation of maximal tissue tension (73).
Wounding leads to microtubules orienting
circumferentially around thewound, in align-
ment with predicted tissue tension (73, 76)
(black lines in Fig. 5H). Mechanically bending,
stretching, restraining, or compressing tissue
also promotes alignments along the orienta-
tion of increased tissue tension (73, 77–80).
These observations support the hypothesis
that the orientation of maximal tissue tension
can be sensed by cells to orient microtubules
(74). Additionally, the cellulose synthesis in-
hibitor isoxaben altersmicrotubule alignments,
which has been explained by wall weakening
causing altered stress patterns (81, 82). How-
ever, the mechanism for sensing maximal wall-
stress orientation remains speculative (74).
Another explanationmay be offered for the

correlation between tissue stress and micro-
tubule orientation. Circumferential reorienta-
tion of microtubules after tissue damage may
be a response that evolved to mechanically
reinforce cells at the wound site, mediated by
chemical signaling and cell polarity. For exam-
ple, suppose cells contain two types of polarity
protein, red and blue, that localize at opposite
cell ends. If a wound-induced chemical sig-
nal causes the red polarity proteins to be acti-
vated in the plasmamembrane adjacent to the
wound site, polarity proteins in cells directly

bordering the wound would localize to cell
faces oriented circumferentially around the
wound (Fig. 5H). This polarity pattern could
propagate further out to surrounding cells
(darker gray) through cell-cell signaling (83).
If red and blue polarity proteins destabilize
microtubules, microtubules would become
oriented circumferentially around the wound
because this orientation would increase mi-
crotubule survival probability. This hypothe-
sis is consistent with an induced pattern of
cell polarity markers, which either face toward
or away from the wound site (56, 82). Dis-
ruption of auxin dynamics does not prevent
damage-induced cell polarity (82), indicating
that polarity signaling is not auxin dependent.
Double-ablation experiments, with an intact

cell between two ablated cells (cyan in Fig. 5I),
were originally thought to preclude polarity as
amicrotubule-orienting mechanism because
the cell bridging the two ablations shows cir-
cumferential microtubule orientations, even
though that cell has no polarity (73). How-
ever, red polarity proteins could still be acti-
vated in the wound-facing plasmamembranes
of the bridging cell, destabilizingmicrotubules
and thus orientingmicrotubules in the bridging
cell parallel to its two red faces. Whether po-
larity proteins are localized in this manner for
double ablations remains to be tested. Cell
polarity in shoot apices may similarly provide
the cue for orienting microtubules.
The effects of mechanical manipulations

(bending or compressing of tissue), and of
isoxaben treatment, may also have explan-
ations that do not depend on stress sensing.
Mechanical manipulations cause cells to be
stretched in the direction ofmaximal tension,
changing cell geometry. Such changes in ge-
ometry can modify microtubule orientations
(50), potentially accounting for the effects of
mechanicalmanipulations onmicrotubule pat-
terns. Changes in cell geometrymay be viewed
as an indirect form of stress sensing in the
case of mechanical manipulations. However,
changes in cell geometry cannot be used as a
general mechanism to infer stresses in growing
plant cells. For example, in an axially growing
cylindrical cell, the cell elongates axially, but
wall stress is maximal circumferentially.
Isoxaben depletes cellulose synthase com-

plexes from the plasma membrane. Because
these complexes are tethered to microtubules,
their depletionmay affectmicrotubules directly
rather than through the weakening of walls
(54). Cellulase treatment, which weakens the
wall without targeting the cellulose synthase
complex, does not influence microtubule pat-
terning (54). Similarly, mutants that reduce
the amount of cellulose without impairing
cellulose-synthase tethering to microtubules
have little effect on microtubule patterns (55).
Thus, although wall-stress sensing is often
invoked to explainmicrotubule orientations,
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Fig. 6. Plant morphogenesis, from nano- to macroscale. (A to E) Growth begins with the sliding of
cellulose fibers (A) within the cohesive, extensible, and structurally biased networks of cell walls (B). Sliding
is physically driven by turgor pressure, which generates stress patterns in single cells (C) and across
tissues (D). Growth may be oriented by polarity fields (blue arrows) to generate complex forms, as illustrated
by a tissue-level model of grass leaf development (E), with the tubular sheath region in darker gray (93).
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the mechanosensing mechanisms remain elu-
sive and the results may be accounted for by
alternative mechanisms based on chemical
signaling and cell geometry.
Stresses have also been proposed to play a

role in orienting cell polarity (82). According
to this view, stresses orientmicrotubules along
the axis of maximal tension and orient cell
polarity through stress gradients. However,
spherical protoplasts can become polarized
in the absence of mechanical asymmetries,
which shows that stress gradients are not
needed for polarization (63). Thus, the role
of stresses versus chemical signals in the con-
trol of growth, microtubule orientation, and
polarity remains controversial.

Tissue patterning and morphogenesis

Tissuemorphogenesis depends on coupling the
growth properties of walls, cells, and tissues
to regional patterning. Coupling may occur by
regional gene activity that modifies rates of
microfibril deposition and/or wall extensi-
bility and yield thresholds, and thus wall
growth through creep. Regional gene activity
may also provide tissue cues that orient micro-
tubule alignments, and thus the orientations
of growth anisotropy.
Computational modeling—informed by de-

velopmental genetics, live imaging, and growth
analysis—has been used to determine whether
such principles could account for tissue mor-
phogenesis. From a modeling perspective, we
may distinguish between two types of growth
(84). “Specified growth” is how a small region
of tissuewould grow in isolation and therefore
free from tissue stresses. “Resultant growth” is
the way a small region grows when mechan-
ically connected to the rest of the tissue. Com-
putational models allow resultant growth, and
thus tissue deformation, to be calculated from
an input pattern of specified growth rates and
orientations. As tissue deforms, so do the re-
gional patterns that determine the rates and
orientations of specified growth, creating a
feedback loop. If cell divisions are incorpo-
rated, they are typically based on division rules
and are a consequence rather than cause of
growth (85–87). Such a view follows naturally
from plant growth mechanics, where growth
rates depend on turgor, wall extensibility, and
yield thresholds instead of on the introduc-
tion of new walls, which act mechanically to
restrain rather than promote growth.
Models based on regionally varying iso-

tropic specified growth rates can account
for the formation of bulges on the flanks of an
apex, simulating early development of lateral
appendages (primordia) (88). However, to ac-
count for more complex morphogenetic events,
tissue-wide cues are needed to orient aniso-
tropic specified growth. Use of tissue stresses
to orient growth is problematic: If regions are
reinforced in the direction ofmaximal stress,

growth will be retarded in that direction,
thwarting coherent changes in tissue shape
(84, 89). Tissue-stress sensing may reinforce
a shape, such as leaf flatness (90), but gen-
erating a new tissue shape is more difficult.
To circumvent this problem, it has been pro-
posed that global stresses across the devel-
oping organmay be sensed (89), though how
global and local stresses might be discrimi-
nated by cells remains unclear.
The stress-feedback problem does not apply

when polarity controlled by chemical cues (83)
is used to orient specified growth. Although
tissue-wide stresses are generated through
differential growth (because of tissue connec-
tivity), they do not disrupt growth-orienting
polarity fields. Moreover, tissue-wide polarity
fields have been described for several polar-
ity proteins (91). The formation of flattened
structures, like leaves, can be modeled with
two orthogonal polarity fields, which act in
combination to orient regionally varying spec-
ified growth rates (92, 93). Leaf formation in-
volves anisotropic growth oriented by a polarity
field pointing from the tissue surface toward
the ad-abaxial boundary (orthoplanar field).
Orienting growth in this manner generates
an initial primordial bulge followed by the
development of an extended flat or curved
sheet. Growth and shaping of the sheet are
oriented by a second (planar) polarity field
(93, 94) (Fig. 6E). Modulation of planar po-
larity and growth rates at the leaf margins can
generate serrated forms (95). Thus, regional
variation in specified growth rates, oriented
by tissue-wide polarity fields, can account for a
range of plant morphogenetic behaviors.

Growth arrest

Tissue growth slows down and finally arrests
as plant cellsmature and differentiate. Growth
typically does not stop abruptly after the cessa-
tion of cell division but continues for a period,
leading to cell enlargement. Growth arrest
may eventually occur throughout a tissue, as
with determinate organs such as leaves, or may
be restricted to regions displaced away from
meristems, as in stems or roots. For determi-
nate structures, such as leaves, sepals, and the
apical hook of seedlings, growth rates decline
gradually with time in a defined spatial pat-
tern (89, 94, 96–98). This decline could arise
through reducedwall extensibility, an increase
in yield threshold, an increase in wall thick-
ness, and/or reduced turgor, but the contribu-
tion of each mechanism, and thus the control
of final organ size, remains unclear.

Conclusion

We have reviewed the mechanics of plant
morphogenesis at different interrelated levels,
from fiber (Fig. 6, A and B) to wall (Fig. 6, B
and C) to cell (Fig. 6, C and D) to tissue (Fig. 6,
D and E). In moving up levels, a population of

discrete components is typically abstracted
to a continuum at the next level (e.g., fibers to
wall, walls to cell, cells to tissue). These ab-
stractions help to both clarify concepts and
simplify simulations. Mechanical stresses ope-
rate at each level, but values are typically not
the same from one level to the next. By view-
ing the levels together, the cellulose network at
the fiber and wall level provides elastic resist-
ance to deformation while allowing growth
through creep, which enables morphogene-
sis at the cell and tissue level while maintain-
ing mechanical strength.
A key question is how patterns of gene ex-

pression at the tissue level modify behaviors
andmechanics at other levels to generate tissue
morphogenesis. Although we have outlined
broad principles for how this may operate,
many of the underlyingmolecularmechanisms
are unresolved. Controversies remain over the
role of pectins in controlling wall mechanics
and over the role of mechanosensing or chem-
ical signaling in controlling orientations of
growth. And although tissue-levelmodels have
been proposed to account for morphogenetic
changes (e.g., Fig. 6E), many of the underlying
components remain hypothetical. A further
challenge is to determine how interactions
across levels have been modified during evo-
lution to give rise to the diversity of plant
forms (99).
To what extent can the principles of plant

morphogenesis be extended to microbial and
animal development? Like plants, bacteria and
fungi have cell walls with fibers that confer
mechanical strength but that correspond to
peptidoglycans, glycans, or chitin rather than
cellulose (100, 101). Growth depends on turgor,
though the extent to which turgor and/or
insertion of new wall material drives growth
remains to be clarified (102). Animal cells have
a network of fibers, the actin cortex, that lies
immediately beneath the plasma membrane
and plays a comparable role to a cell wall in
mechanics: conferringmechanical stiffness and
resistance to external mechanical stresses and
turgor (103, 104). Sliding of these fibers likely
plays a key role in animal morphogenesis but,
unlike plants, can be active (e.g., contractile)
as well as passive (caused by turgor or tissue
stresses). Animal cells can rearrange and mi-
grate during morphogenesis, but the extent
of rearrangement is limited for many grow-
ing tissues, as evidenced by the coherence of
clonal sectors (105–107). Thus, organogenesis
presents similar issues for coordination of
growth and division orientation as in plants,
such as the role of polarity and stresses (108).
Animal morphogenesis is also influenced me-
chanically and chemically by the extracellular
matrix, which contains fibers, such as collagen,
that may slide past each other to stretch irre-
versibly (109, 110). Thus, although themolecular
players and interactions are different, many of
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the mechanical principles and issues outlined
in this review may also be applicable to mi-
crobial and animal morphogenesis.
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